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Processing of microalgal biomass to biofuels and other products requires the removal of
the culture from a well-controlled growth system to a containment or preprocessing step
at non-ideal growth conditions, such as darkness, minimal gas exchange, and fluctuat-
ing temperatures. The conditions and the length of time between harvest and processing
will impact microalgal metabolism, resulting in biomass and lipid degradation. This study
experimentally investigates the impact of time and temperature on Nannochloropsis salina
harvested from outdoor plate photobioreactors.The impact of three temperatures, 4, 40, or
70°C, on biomass and lipid content (as fatty acid methyl esters) of the harvested microalgae
was evaluated over a 156 h time period. Results show that for N. salina, time and temper-
ature are key factors that negatively impact biomass and lipid yields. The temperature of
70°C resulted in the highest degradation with the overall biofuel potential reduced by 30%
over 156 h. Short time periods, 24 h, and low temperatures are shown to have little effect
on the harvested biomass.
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INTRODUCTION
Microalgae cultivation has been intensely studied in the past
decades due to inherent advantages such as high biomass and lipid
productivities, capacity to be grown in non-arable land, utilization
of low quality and saline water, and integration with point source
waste streams (Khan et al., 2009; Mata et al., 2010). Technological
hurdles in the growth, dewater, and conversion steps of the feed-
stock to biofuel process has limited the scale at which production
has been demonstrated (Quinn et al., 2012). Cultivation systems,
which include photobioreactors (PBR) and open raceway ponds,
have been used at pilot plant scale to produce biomass, which is
typically harvested, preserved, and processed off site. Large-scale
systems will integrate on site processing based on environmen-
tal and economic benefits (Batan et al., 2010; Lundquist et al.,
2010; Davis et al., 2011, 2014; Beal et al., 2012; Quinn et al., 2014;
Rogers et al., 2014; Thilakaratne et al., 2014; Woertz et al., 2014).
Current uncertainties in the structure of a large-scale algal based
biorefineries make it possible that microalgae biomass will be tem-
porarily stored in holding tanks based on dewatering processing
capacity. Further, the possibility exists for long-term storage due
to equipment malfunction or limitations in downstream process-
ing. The tolerance of algal biomass to time and temperature must
be understood such that yield is not impacted from biomass and
lipid degradation prior to recovery.
During microalgae production, cells are exposed to condi-
tions that ensure biomass multiplication and lipid accumulation.
Environmental conditions such as nutrient load, carbon diox-
ide, light, and temperature are well constrained by the cultivation
system and optimized for microalgae growth and stability. How-
ever, during harvesting and preprocessing, these conditions are
abruptly terminated and new conditions, previously avoided in
a controlled growth system develop. Depending on the harvest-
ing method and processing capacity, the conditions and time of
exposure vary. Generally, during the collection and transport of
microalgae from the cultivation system to a centralized separation
facility, the cells are not exposed to sunlight and the culture tem-
perature is a function of meteorological conditions. During this
time period, microalgae are still carrying out physiological activ-
ities under non-ideal conditions. As a result, the cells and their
contents will undergo physiological changes that could negatively
affect the biomass and bio-products yields.
Several factors are known to contribute to biomass and lipid
losses. These losses are known to be accelerated by rising tem-
peratures. Low temperatures can reduce the reaction rate of
enzyme-catalyzed metabolic reactions in microalgal cells (Mishra
and Gamage, 2007). The length of harvest is also known to influ-
ence biomass, as organisms need energy to continue cell functions
(Montaini et al., 1995). Microalgae-related literature addressing
these factors is limited with few studies presenting data related
to biomass and lipid degradation. Previous work has focused
on carbon isotope fractionation, microalgae respiration rate, and
microalgae decomposition in natural environments. The appli-
cation of results to microalgae biorefinery systems is limited.
Additionally, several techno-economic and life cycle assessments
of the microalgae biofuel process do not consider the impact
of storage time or preprocessing temperatures on yield as all
assume a seamlessly integrated co-located growth and process-
ing facility (Batan et al., 2010; Beal et al., 2012; Sills et al., 2012;
Jones et al., 2014; Quinn et al., 2014; Rogers et al., 2014; Thi-
lakaratne et al., 2014; Woertz et al., 2014). Current assessments
of the microalgae to biofuels process make simplifying assump-
tion due to the lack of large-scale processing data (Davis et al.,
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2014). Currently, there is a need to develop data that can be lever-
aged to validate engineering system process models for improved
fidelity in large-scale feasibility assessments of microalgae biofuel
systems.
This study experimentally evaluates the impact of time and
temperature on microalgae biomass and lipid composition as
applied for use as a biodiesel feedstock. The experimental sys-
tem was designed to be representative of a large-scale microalgae
processing system through the harvesting phase. In large-scale
systems, it is expected, based on variable production and fixed
processing capacity, there will be storage of culture for a non-
trivial time period. This study presents results in terms of changes
in Nannochloropsis salina biomass and lipid quantity (produced in
outdoor flat-plate PBR) stored under three different temperatures,
4°C (refrigeration), 40°C (outdoor storage in summer), and 70°C
(pasteurization or upper storage bound), over the course of 156 h.
Discussion includes the impact of the results on the microalgae
industry and on scalability assessments.
MATERIALS AND METHODS
Nannochloropsis salina was cultivated in outdoor PBR with the
collected biomass analyzed as a function of time and temperature.
Harvested biomass was collected in 50 mL aliquots and exposed to
three different temperatures. Periodic collection of samples were
centrifuged and analyzed for biomass and lipid content. Experi-
ments were performed in triplicate with the baseline biomass and
lipid content being time 0.
ORGANISM PRODUCTION
Nannochloropsis salina was grown in flat-plate PBR (110 cm×
241 cm× 5 cm) with a maximum capacity of 130 L of culture.
The PBRs were located in a greenhouse with supplemental high
pressure sodium lighting (Utah State University Research Green-
house). Temperature was maintained at 23°C in the PBR through a
chilled water heat exchanger. Mixing of the system was maintained
through sparge air supplied through a stainless steel manifold in
the bottom of the PBR. The pH was maintained at 7.3 through
automatic injection of carbon dioxide into the sparge air based on
pH feedback. Prior to inoculation, PBRs were washed and bleached
overnight, followed by rinsing with tap water.
Nutrient medium was prepared using tap water, sodium
chloride (NaCl, 17.5 g L−1), calcium chloride dihydrate (CaCl2 ×
2H2O, 1.5× 10−1 g L−1), potassium chloride (KCl, 4.8× 10−1
g L−1), sodium metasilicate non-ahydrate (Na2SiO3 × 9H2O,
5.7× 10−2 g L−1), magnesium sulfate heptahydrate (MgSO4 ×
7H2O, 1.48 g L−1), potassium nitrate (KNO3, 1.02 g L−1), potas-
sium phosphate monobasic (KH2PO4, 6.8× 10−2 g L−1), ammo-
nium ferric citrate (5.2× 10−3 g L−1), boric acid (H3BO3,
9.0× 10−4 g L−1),disodium molybdenate dihydrate (Na2MoO4 ×
2H2O, 1.2× 10−5 g L−1), manganese chloride tetrahydrate
(MnCl2 × 4H2O, 3.0× 10−4 g L−1), zinc sulfate heptahydrate
(ZnSO4 × 7H2O, 6.0× 10−5 g L−1), cupric sulfate pentahydrate
(CuSO4 × 5H2O, 2.0× 10−5 g L−1), 0.1 mM biotin (40.9µL),
6.5 mM thiamine (26.08µL), and 0.135 mg mL−1 vitamin B12
(14.81µL). Microalgae were harvested from the PBRs when the
culture concentration reached at least 2 g L−1.
DEGRADATION EXPERIMENTAL SET-UP
This study is a time series experiment with time as an independent
variable and temperature as controlled variable. The dependent
variable or measured responses were either biomass or lipid con-
tent. The measured response at different times is compared against
the initial conditions before the temperature treatment (in this
case, the biomass and lipid content at time 0). The duration of the
experiment was at the least 156 h with sampling events within 12
and 24 h from each other (one sample event was lost during the
lipid analysis).
For the determination of biomass degradation, microalgae cul-
tivated in flat-plate PBR located at the USU Research Greenhouse
facility were harvested and were immediately transferred into sev-
enty two 50 mL polypropylene centrifuge tubes. The vials were
separated into three groups of 24 vials. From each group of 24
vials, 3 vials, to be used as samples at time 0, were immediately
centrifuged (RC-6 Plus, Thermo Fisher, USA), the supernatant
was discarded and the pellet was preserved in a−80°C freezer. The
biomass content in these vials was used as the initial untreated
response. The remaining 21 vials left in each batch were placed in
one of three water baths maintained at 4°C (represent refrigera-
tion), 40°C (represent outdoor storage in summer), or 70°C (rep-
resent pasteurization or upper storage bound). The water baths
were maintained in complete darkness with minimal light expo-
sure during sampling. During sampling, three vials were collected
from each water bath. The vials were immediately centrifuged,
and the pellets were preserved at −80°C. Frozen biomass pellets
were put in a lyophilizer (FreeZone 6, Labconco, USA) overnight
at−50°C under 0.1 mBar vacuum for complete dewatering. Freeze
dried samples were used to determine biomass loss. Biomass was
measured through analyzing the mass remaining in harvested sam-
ples after centrifugation. At the end of the experiment, the freeze
dried microalgae were powdered using a mortar and pestle and was
preserved at −80°C until fatty acid methyl ester (FAME) analysis.
LIPID ANALYSIS
Total lipids were quantified through FAME content with results
expressed as percent FAME content based on microalgal biomass
dry weight (% of total DW). This approach to measure lipids accu-
rately reflects the biofuel potential (Wychen and Laurens, 2013).
FAMEs were produced through an acid-catalyzed in situ trans-
esterification technique. Approximately, 100 mg was transferred
into test tubes (borosilicate tubes with screw cap, Fisher Scientific,
USA). A 2 mL solution of a 2% sulfuric acid in methanol (v/v)
was added to the vials that were then sealed. Vials were digested
at 80°C for 90 min in a digital reactor block (DBR200, HACH,
USA) shaking the tube contents vigorously every 15 min. Digested
contents were transferred to a borosilicate test tube. Digestion vials
were then rinsed three times with 1 mL chloroform and the rinsing
solution transferred to the test tubes.
The methanol, sulfuric acid, chloroform, and biomass mixture
were then washed with an equal volume of deionized water deliv-
ered using a washing/dispensing bottle (with nozzle) that allowed
for a well stirred solution. Vials were then centrifuged for phase
separation. The upper methanol and water phase was discarded
and the water washing step was repeated two times more. The bot-
tom phase containing the chloroform and FAME was transferred
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to a 10 mL volumetric flask using a 5 mL glass gas-tight syringe.
The syringe and the test tube were rinsed two times more using
chloroform with the rinse transferred into the 10 mL volumetric
flask. The final volume in the volumetric flask was adjusted to
10 mL using chloroform, and the contents were mixed thoroughly.
From this solution, 1 mL was transferred to an amber borosil-
icate screw top vial for analysis by gas chromatograph (Model
7890A GC System, Agilent Technologies, USA) equipped with a
flame ionization detector (FID) and autosampler. The column
used was a capillary column with polyethylene glycol stationary
phase Stabilwax-DA (RESTEK), length 30 m, internal diameter
0.32 mM, and film thickness 0.25µm. The inlet temperature used
was of 250°C, oven temperature used was of 100°C for 1 min,
25°C/min up to 200°C, and held for 1 min, 5°C/min up to 250°C
and held for 7 min. The FID was held at 280°C. Standards using
methyl myristate, methyl palmitoleate, and methyl oleate were pre-
pared in a chloroform matrix and run in parallel with the prepared
samples.
RESULTS
Time and temperature were shown to be critical factors for N.
salina biomass yields. Figure 1 shows the decrease of biomass
with time at the three temperatures tested. For experiments at
4°C biomass losses were minimal, with biomass content becoming
statistically different to the initial biomass after 132 h (ANOVA,
p< 0.05). In contrast, for experiments at 40 and 70°C the biomass
contents were statistically different to the initial biomass (ANOVA,
p< 0.05) starting at the first sampling of the experiment, 12 h. The
slope of the decrease in biomass content was more pronounced at
the beginning of the experiment (during the first 60 h) and became
mild after this period.
The time evolution of percent FAME content (% of total DW)
at 4, 40, and 70°C is shown in Figure 2. Figure 2A shows an initial
increase in percent FAME (% of total DW). Similar behavior was
observed by Montaini et al. (1995). A second experiment was per-
formed to further investigate initial lipid increase. Results from
this study are presented in Figure 3 and show a slight increase
in percent FAME initially for the 40°C experiment with minimal
FIGURE 1 |Time evolution of N. salina biomass content at different
temperatures. Error bars represent SD from three independent
experiments. SD not visible is overlapped with the symbols.
degradation in the latter part of the experiment. The 70°C experi-
ment was not statistically different from the initial percent FAME
content (% of total DW) while the 4°C experiment was slightly
FIGURE 2 |Time evolution of FAME content at three different
temperatures. (A) Percent FAME per unit of biomass (% total DW),
(B)Total FAME per vial. Initial biomass was 2 g/L. Error bars represent SD
from three independent experiments. SD not visible is overlapped with the
symbols.
FIGURE 3 |Time evolution of percent FAME content (% total DW) at
three different temperatures (repeated experiment). Error bars
represent SD from three independent experiments. SD not visible is
overlapped with the symbols.
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different only between 9 and 81 h (ANOVA, p< 0.05). In terms of
the overall lipid content in the vials (mg FAME/vial), Figure 2B
shows that the total lipid content in each vial as a function of
time. Results show a 4.4% reduction in the 40°C experiment and
29.5% reduction in the 70°C experiment strictly based on FAME
not incorporating biomass loss.
The losses per vial during the overall experiment were greater
for biomass than for lipids. Biomass losses reached 43% when vials
were exposed to 70°C while at the lowest temperature tested (4°C)
the impact was minimal. Losses of up to 30% in the overall lipid
content per vial were observed in this study for 70°C experiment
after 156 h, while temperature of 40°C and below seemed to cause
minimal impacts.
DISCUSSION
OVERALL BIOMASS AND LIPID CONTENT
The harvesting process exposes microalgae to prolonged dark-
ness, limited gas exchange conditions, and changes in temperature,
which will impact the overall composition of the cell. Under
normal growth conditions microalgae perform primarily photo-
synthesis and minimal respiration. During photosynthesis, exoge-
nous carbon dioxide is consumed as a carbon source, water is
the electron donor, NADP is the electron acceptor, and molecular
oxygen is produced as a byproduct and biomass is produced (Rich-
mond, 2004). However, when microalgae are transferred into a
containment with minimal illumination photosynthesis stops and
instead respiration occurs (Montaini et al., 1995). During respira-
tion, microalgae consume intracellular carbon reserves as carbon
sources, consume molecular oxygen, and carbon dioxide and water
are by-products. The respiratory metabolism of stored carbon
resources and the parallel oxygen consumption ensure enough
energy for temporary survival of cells. Studies have shown that
Tetraselmis suecica maintained in unsealed vials at 4°C in darkness
still had viable cells after 5 months of incubation, while hermet-
ically sealed vessels presented limited survival (Montaini et al.,
1995).
Respiration occurring during harvesting is expected to produce
changes in the biochemical composition of the biomass. It has
been shown in previous studies that during respiration under oxic
or anoxic conditions microalgae preferentially consume energy
reserves in the form of carbohydrate, followed by proteins and
ultimately lipids, which were otherwise supplied by photosynthesis
(Rodger Harvey et al., 1995; Aji, 2011). The consumption of inter-
nal food reserves results in mass loss (Mishra and Gamage, 2007).
Such is the case of the reduction of particulate matter in Chlorella
pyrenoidosa incubations under anoxic axenic conditions observed
by Foree and McCarty (1970). Also, green microalgae Coelastrum
sphaericum and Scenedesmus falcatus incubated under dark con-
ditions at various temperatures (16, 22, and 28°C) reported an
overall biomass loss between 2 and 10% during the first 12 h of
darkness (Grobbelaar and Soeder, 1985). In addition, it has been
shown that respiration in Dunaliella salina exposed to 10–30°C
produced total carbon losses in the order of 50–60% in 20 days
(Degens et al., 1968).
During respiration, the energy obtained for cell maintenance
is primarily derived from consumption of reserves other than
lipids (Montaini et al., 1995; Rodger Harvey et al., 1995; Aji,
2011). Literature shows that total fatty acid content remained
unchanged in microalgae T. suecica regardless of the time of incu-
bation although cells were presenting loss of viability (conditions:
60 g L−1, preserved at 4°C in hermetically sealed vials up to
90 days) (Montaini et al., 1995). This same experiment with T.
suecica also showed an increase in percent of total fatty acids
(% of total DW) in comparison to the value obtained for the
fresh biomass at the beginning of the incubation period. Inter-
estingly, 15 days of incubation produced a 30.4% increase, while
22 days produced 28.4% increase (Montaini et al., 1995). These
results agree with the increases of percent FAME (% of total
DW) observed in this study. This percent FAME (% of total DW)
increase could be the result of (i) mass loss due to consumption
of reserves (Montaini et al., 1995), and (ii) liberation of fatty acids
from complex proteins and carbohydrates being consumed during
respiration processes (Laurens et al., 2012).
The variability in the increases of percent FAME (% of total
DW) between the first and second experiment can also originate
from variability inherent to microalgal biomass. In the repeated
experiment (results in Figures 2A and 3), the biomass used in these
two experiments came from different production batches result-
ing in the differences in initial harvested percent FAME, which
impacted the trend. Several factors during microalgae cultiva-
tion affect cell composition and lipid profiles (Mayers et al., 2014;
Scholz et al., 2014), e.g., different lipids convert to FAME with
different efficiencies (e.g., mono-glycerides yields 83.2% FAME,
triglycerides yields 100% FAME and phospholipids yields 64.4%
FAME) (Laurens et al., 2012). Regardless of the increments in
percent FAME (% of total DW) observed in this study, the total
lipid content per vial decreased with increase in temperature and
was only maintained constant at low temperatures and short
incubation times, thus confirming that temperature and time
resulting from delays during harvesting can affect final biofuel
potential.
In addition to internal reserve consumption, the perishability
of biomass can also occur due to toxic effects caused by respira-
tion/fermentation by-products accumulated in the vials (Mishra
and Gamage, 2007). Literature shows in a closed container the
rate of cell mortality is increased under accumulation of car-
bon dioxide and excretion of organic acids from fermentation
(Degens et al., 1968; Montaini et al., 1995). After the respira-
tion process consumes the available oxygen in an hermetically
sealed containment (preventing gas exchange), an oxygen-limited
environment will be formed (Mishra and Gamage, 2007). Under
limited oxygen conditions, the rate of respiration is dramatically
reduced (Grobbelaar and Soeder, 1985) and ultimately can lead
to anaerobic environments. Anaerobic conditions are harsh as
they lead to fermentation and decay (Mishra and Gamage, 2007).
Loss of viability and increased broken cells has been observed
in microalgae stored under dark anoxic conditions (Montaini
et al., 1995; Heasman and Fisheries, 2001; Aji, 2011). In these
systems, lower temperatures increased viability of the stored
cells.
Reduction of temperature is a method for hindering mass
loss and degradation, mainly because respiration and meta-
bolic processes in live cells, as well as several post-mortem
processes (e.g., catabolism, autolysis) are enzymatically driven,
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with enzyme reaction rates reduced with low temperatures (Kroe-
mer et al., 1995; Mishra and Gamage, 2007). As found in this
study, losses were generally reduced at lower temperatures. Despite
low temperatures, the mechanisms producing these losses do
not completely stop, hence after some time degradation will
still occur.
IMPLICATIONS
Biomass and lipid losses due to unexpected delays during har-
vesting (e.g., equipment malfunction, uncooperative weather, and
other unforeseen circumstances) or preprocessing could impact
logistic and production costs. Lowering culture temperature min-
imizes losses but implies investments in transportation with
cooled containments, thus rising equipment and operational costs.
Cost of inventory will need to be considered in order to main-
tain reliability as a supplier, with large inventories resulting in
costly stock and low inventories increasing the risk (Garstang
et al., 2002). The losses observed in this study can also impact
plant design parameters, such as the distance from the cultiva-
tion site to the location of the separation units as well as the
number of processing units needed. In addition to economic
implications, the mass losses can also affect the final net envi-
ronmental impact (Chaoui and Eckhoff, 2014). The final deci-
sion about implementation of any preservation strategy will be
a result of the techno-economic analysis, which needs to include
the potential risks that losses during harvesting represent. Fur-
ther, the experimental work presented is limited to one strain. It
is expected that similar trends would be seen in other strains of
microalgae.
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